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The goal of mechanobiology is to understand the links between changes in the physical properties of living cells and
normal physiology and disease. This requires mechanical measurements that have appropriate spatial and temporal
resolution within a single cell. Conventional atomic force microscopy (AFM) methods that acquire force curves pointwise
are used to map the heterogeneous mechanical properties of cells. However, the resulting map acquisition time is much
longer than that required to study many dynamic cellular processes. Dynamic AFM (dAFM) methods using resonant
microcantilevers are compatible with higher-speed, high-resolution scanning; however, they do not directly acquire force
curves and they require the conversion of a limited number of instrument observables to local mechanical property maps.
We have recently developed a technique that allows commercial AFM systems equipped with direct cantilever excitation
to quantitatively map the viscoelastic properties of live cells. The properties can be obtained at several widely spaced
frequencies with nanometer–range spatial resolution and with fast image acquisition times (tens of seconds). Here, we
describe detailed procedures for quantitative mapping, including sample preparation, AFM calibration, and data analysis.
The protocol can be applied to different biological samples, including cells and viruses. The transition from dAFM imaging
to quantitative mapping should be easily achievable for experienced AFM users, who will be able to set up the protocol in
<30 min.

Introduction

The local mechanical properties of living cells, such as viscoelasticity and adhesion, are far from
homogeneous across the cell. In fact, heterogeneities in these nanomechanical properties play
important roles in a majority of cellular processes, including morphogenesis1, mechanotransduction2,
motility3–6, metastasis7–9, and response to drugs10–12, and can act as efficient disease markers13–15.
Changes in mechanical properties are increasingly recognized for their organizational role in cells,
often occurring only in localized regions and over short periods of time, leading to spatiotemporal
mechanical heterogeneity in the cell. Examples include spatially localized cell–cell and
cell–extracellular matrix interactions16,17, asymmetric force generation during cell motility18, and the
nonuniform reinforcement of the cell’s rigidity by the cytoskeleton19. Consequently, many interesting
mechanobiological questions address very local and highly dynamic aspects of the cell. Thus, there is
a growing interest in mapping mechanical heterogeneities within living cells with high spatiotemporal
resolution. A large variety of methods have been introduced for measuring cellular mechanical
properties, including micropipette aspiration20, stretching or compression between two micro-
plates21,22, optical tweezers23,24, and magnetic twisting cytometry25,26. However, AFM remains one of
the most popular and most suitable methods for probing the properties of soft samples at the
nanometer scale10,27–31. Various AFM techniques have been developed for this purpose, including
quasi-static ones that measure force during the indentation of the sample32–36 and dynamic ones
(dAFM)37–39 that either vibrate the cantilever or the sample and measure variations in the response of
the cantilever that are due to interaction with the sample.

Achieving high-speed mapping of nanomechanical properties of whole live eukaryotic cells (elastic
modulus <100 kPa), over large areas (~50 × 50 µm2), and with a wide range of topographies (cell
height ~1–10 µm) has been a long-standing challenge in dAFM40,41. This is due to the softness of live
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eukaryotic cells, which reduces the sensitivity of dAFM observables such as amplitude and phase, and
because of the large height variations of live cells, which require a high z-piezo positioning range.
Moreover, problems related to hydrodynamic effects (fluid-borne forest of peaks in the excitation
spectrum and squeeze-film damping effects in the near vicinity of the sample surface) must be solved
by direct-excitation techniques and a specific design of the cantilevers28,42.

Here, we present details of an advanced dAFM method that we recently developed to quantita-
tively map the nanomechanical properties of soft biological samples in a liquid environment28,37,43,44

(Fig. 1). This multi-harmonic AFM biomechanical cell assay method is completely compatible with
commercial AFM systems equipped with a direct-excitation setup.

Development of the approach
Our method is based on the amplitude-modulated mode of dAFM (AM-AFM), which is also known
as the tapping mode. In this approach, the sharp nanoscale tip of the cantilever interacts with the
sample while its z position is adjusted to regulate the oscillation amplitude while scanning over the
surface. In a liquid environment, which is physiological for most biological samples, direct excitation
of the cantilever (e.g., magnetic excitation; see also ‘Experimental design’) is required to obtain well-
behaved transfer functions that relate the oscillation observables (amplitudes and phases) and the
calibrated cantilever characteristics (spring constant and the quality factor (Q); Fig. 1). On the basis of
the mechanical properties of the sample, two main situations are possible when the cantilever tip
interacts with the sample. In the first, when the sample is relatively stiff (modulus in the ~10-MPa
range or larger, such as is the case for viruses and bacteria), the tip only intermittently taps on the
sample, introducing short- and long-range tip–sample interaction forces (Fts). The nonlinearity of
these combined electrostatic, elastic, and hydration forces, together with the low Q factors in liquids
for low-stiffness cantilevers, leads to anharmonics in the cantilever vibration spectrum of the exci-
tation frequency. On harder samples, many anharmonics can be generated38,39,45,46; however, on
moderately stiff to soft samples (modulus ~10 MPa or smaller), only a small set of anharmonics are
usually observed, especially at 0ωdr,1ωdr, and 2ωdr

37,44, where ωdr is the excitation frequency. Thus,
the amplitudes (A0, A1, and A2) and phases (ϕ1 and ϕ2) at these frequencies boost the available
independent observables for material contrast37,44. We have developed a theory that links these multi-
harmonic observables to the local mechanical properties of the sample, which are stiffness ksample

(N �m�1) and damping csample (N � s �m�1), as described below. Together, they represent the para-
meters of an equivalent Kelvin–Voigt element and can be regarded as the local viscoelastic properties.
However, we have shown previously37 that a different situation arises on very soft samples such as
living cells and hydrogels (modulus <~1 MPa). At the imaging set point, the tip is not intermittently
‘tapping’ the cell as it does on harder surfaces, but rather the tip ‘permanently’ interacts with the cell
over its entire oscillation cycle while maintaining a large net average indentation43. The tip oscillation
amplitude is small as compared with the average indentation, and this allows the Taylor series
representation for use of well-validated elastic contact mechanics models such as Hertz’s47 or
Sneddon’s48, or models with bottom-effect correction49,50. This provides high-resolution nano-
mechanical maps showing local heterogeneity in mechanical properties such as the complex elastic
modulus of the viscoelastic sample (E� ¼ Estorage þ iEloss) (Fig. 1). The real part of it, storage modulus
Estorage, is a measure of a material’s stored elastic energy portion, and the imaginary part, loss modulus
Eloss, measures the material’s energy-dissipated (viscous) portion.

Overview of the procedure
The purpose of this protocol is to obtain nanomechanical property maps of whole live eukaryotic
cells, bacteria, viruses, or other biological samples (e.g., extracellular matrix gels and tissue
sections) with high temporal and spatial resolution. Here, we demonstrate the setup for murine
fibroblasts and neuronal growth cones. The method allows the study of time-varying heterogeneous
physical properties of live cells during dynamic processes over large areas51. The procedure consists of
three main stages (Fig. 1). In the first stage, we provide step-by-step instructions for how to prepare
cell samples (Steps 1 and 2), set up the AFM and optical microscope (Steps 3–8), and perform
calibrations (Steps 9 and 10). In the second stage, we describe how to perform a multi-harmonic
AFM-imaging procedure (Steps 11–17). Harmonic observables (amplitudesA0, A1, and A2 and phases
ϕ1 and ϕ2) are recorded simultaneously with topography during scanning of the sample with a
directly excited cantilever. The scanning is performed with the feedback applied on the deflection
signal. In the third stage, we provide guidance for data processing (Steps 18 and 19). First, the
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observables are converted into harmonic tip-surface conservative and dissipative forces. Last, direct
analytical equations or nonlinear least-squares algorithms are used to find material properties from
the observables.

A1far, ϕ1far
AFM setup and calibration
(Steps 1–10)

AFM imaging (Steps 11–17)

10 18 nm 2 13 nm 60 100°

Data processing (Steps 18 and 19)
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Fig. 1 | Overview of the protocol. In Steps 1 and 2, the sample is prepared, followed by setup of the AFM (Steps 3–8)
and calibration of the AFM setup in Steps 9 and 10. A direct cantilever excitation method is used (iDrive) that retains
the transfer function of a single harmonic oscillator in liquid, whereas indirect techniques (acoustic and sample
excitation) do not28. In Steps 11–17, AFM imaging is performed and maps of the multi-harmonic observables
(amplitudes A0, A1, and phase ϕ1) are acquired. For the AFM scanning, the mean deflection is used as feedback
signal. In Steps 18 and 19, the mechanical properties (storage and loss moduli with the bottom–effect cone correction
(BECC)) are calculated from the acquired observables using the theory described in the Introduction.
Heterogeneities in local mechanical properties can be matched with the actin cytoskeleton structure in the studied
cell (right, spinning-disk confocal microscopy, color-coded z projections of the SiR-actin staining). Scale bars, 10 µm.
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Extracting local cellular mechanical properties
Detailed descriptions of methods for data analysis are available28,37,43,44. The theory behind this is
presented in the Supplementary Theory and described briefly below. Assuming that the directly
excited cantilever driving frequency is near the natural frequency of the fundamental flexural mode,
the steady-state motion of the tip interacting with the sample surface is composed of harmonics so
that the tip displacement is

qðtÞ ¼ A0 þ A1 sinðωdrt � ϕ1Þ þ A2 sinð2ωdrt � ϕ2Þ þ OðεÞ; ð1Þ
where A0 is the zeroth harmonic amplitude (cantilever mean deflection), ωdr is the cantilever driving
frequency, A1 is the first harmonic amplitude (the traditional feedback signal for AM-AFM), ϕ1 is the
first harmonic phase, A2 is the second harmonic amplitude, and ϕ2 is the second harmonic phase. In
liquids, the zeroth, first, and second harmonics are dominant harmonics that describe the tip motion
and can be easily recorded simultaneously during experiments.

Because the tip motion is periodic, the tip–sample interaction force must also be periodic. This
leads to the following Fourier expansion of the tip–sample interaction force in terms of conservative
and dissipative components:

Fts ¼ F0
ts;CONSþ

X1

n¼1

Fn
ts;DISS cosðnθÞþ

X1

n¼1

Fn
ts;CONS sinðnθÞ; ð2Þ

where Fts is the tip–sample interaction force, Fts;CONS is the force conservative component, Fts;DISS is
the force dissipative component, and θ ¼ ωdrt � ϕ.

The quantitative measurement of the zeroth and first harmonic of interaction forces is sufficient to
determine the relevant mechanical properties of living cells, the viscoelastic storage, and loss mod-
ulus. We used the bottom-effect cone correction (BECC) model50 to derive exact close-form analytical
formulas that relate the measured tip–sample force harmonics to the mechanical properties Estorage

and Eloss
.

F0
ts;CONS ¼ 8Estorage

BECC tan αð Þδ20
3π 1þ a1

δ0
h þ a2

δ20
h2

� �
;

F1
ts;CONS ¼ �8Estorage

BECC tan αð Þδ0
3π 2þ 3a1

δ0
h þ 4a2

δ20
h2

� �
A1;

F1
ts;DISS ¼ �8ElossBECC tan αð Þδ0

3π 2þ 3a1
δ0
h þ 4a2

δ20
h2

� �
A1:

ð3Þ

where Estorage
BECC is the elastic storage modulus using the BECC model, Eloss

BECC is the viscous loss modulus
using the BECC model, δ0is the sample mean indentation, α is the AFM tip half-opening angle, h is
the finite thickness of the sample, a1 and a2 are the coefficients from the multiplicative analytical
correction50, and the Poisson’s ratio is assumed to be 0.5 for soft samples such as living cells. This
method, using the BECC model, will lead to better estimates of mechanical properties on thinner
parts of the biological sample. Using these expressions, a nonlinear least-squared fit is performed
pointwise on the force harmonic maps to find those values of the mechanical properties that best fit
the force harmonics. See the Supplementary Theory for a detailed description of the theory. Note that
most commonly used contact mechanics models in AFM can be combined with this method to
measure material properties.

Comparison with other AFM methods
The method presented here for extracting local mechanical properties is different from conventional
methods that acquire force–distance AFM (F–z) curves by moving pointwise over the sample. In the
case of F–z curves, the entire curve is fitted to a continuous mechanics model starting from the first
point of contact, whereas in this protocol, a small subset of dAFM multi-harmonic observables is
tracked to map the local effective force gradients at a specific mean indentation value that changes
from point to point on the image. Second, the conventional F–z curves are generally analyzed in a
purely elastic context, and only recently have some attempts been made to acquire viscoelastic
properties by this technique32,35,36. The effective properties obtained using the method presented
herein correspond to viscoelastic properties measured at much higher frequencies (acoustic) than
conventional F–z curves. Because the viscoelastic properties of biomaterials are strongly frequency
dependent, the values extracted using the multi-harmonic method are expected to be different from
those of the quasi-static method43. Moreover, the imaging throughput of the described method in
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mapping local mechanical properties of cells represents ~10×–1,000× improvement in imaging
throughput as compared with the standard force–volume method.

New methods have been introduced to improve the spatiotemporal resolution for the pointwise
acquisition of force curves over the sample, such as the quantitative imaging mode of JPK Instru-
ments52 and the peak force tapping method of Bruker AFM systems53–55. These new methods have
substantially improved the speeds for mapping cellular mechanical properties of biological samples as
compared with those for the conventional quasi-static force–volume method. However, the acqui-
sition times for a high-resolution material property map of an entire eukaryotic cell remain on the
order of a minute, which is slower than many cellular dynamic processes of interest. In addition, the
mentioned alternative methods are currently unable to determine the constitutive viscosity of cells.

Applications and limitations of the protocol
We have applied this protocol to different types of samples, including adherent animal cells37,43,51,
human red blood cells37, bacterial cells37, and viruses44. The measurable elasticity range compares
with the measurable range for using traditional force–distance curve spectroscopy. Both soft can-
cerous cells (kiloPascals) and stiff mature virions (megaPascals) were successfully studied. The range
can be further expanded by using softer or stiffer cantilevers whenever needed, as the force sensitivity
depends on the cantilever spring constant. The available frequency range also depends on the selected
cantilever, more specifically on its resonance frequency in liquid. Both lower and higher frequencies
can be used; the effective range is determined by the noise level in the liquid and the efficiency of the
excitation technique (it generally ranges from hundreds of Hertzes to hundreds of kiloHertzes).

This approach shares the common limitations of any AFM technique: (i) the sample should adhere
to a surface well enough to withstand the mapping process, (ii) it should not adhere too strongly to
the cantilever tip, and (iii) the surface should be accessible for the analysis. Furthermore, accessible
scan areas and rates are limited by the construction of piezoscanners. There is still room for
improvement here, including the development of fast scanners with short response times56. Last,
direct-excitation techniques are not available on all commercial AFM systems and usually require the
specific design of the cantilevers (Experimental design).

We believe that the developed protocol may find applications in the studies of cellular mechan-
osensation, mechanoresponse, and motility, especially when high spatiotemporal resolution is
required. There is an emerging need for a better understanding of the fast time-varying mechanical
properties of living cells, as there is a close interplay between chemical and mechanical signaling57.
This is particularly critical for increasing our knowledge of the underlying mechanisms of cell
proliferation, differentiation, and migration in normal and disease states. Cells respond not only to
molecular and topographical cues but also to mechanical cues from the environment. To better
comprehend how cells respond to all these cues, we must analyze both intracellular signal trans-
duction with high spatiotemporal resolution and the subcellular mechanical properties. In summary,
mapping mechanical properties of migrating cells will advance our understanding of not only normal
organism development and function but also of disease states such as neuronal degeneration,
inflammation, and tumor progression (see Anticipated results).

Experimental design
Direct-excitation techniques
Many direct- and indirect-excitation techniques are commonly used for dAFM in liquids58–62.
However, for extracting quantitative information, direct excitation is required, as it leads to well-
defined microcantilever dynamics in liquids (Fig. 1). The most frequently used direct-excitation
methods are magnetic58,59 and photothermal60,61 actuation. The acoustic mode is the most widely
used indirect-excitation method; in this method, vibration of a piezoelectric transducer attached to
the cantilever holder excites the microcantilever58. However, this excitation method drives not only
the cantilever but also the chip, holder, and surrounding liquid58. This generates an effect called
‘forest of peaks’28,58,63 that masks out the real microcantilever vibration response. A second arising
effect is that fluid-borne excitation has a major influence on cantilever dynamics, even if the forest-of-
peaks effect is resolved64.

Photothermal excitation uses a high-powered laser that is focused on the back of the cantilever; the
power of this laser is modulated, causing a heat gradient to excite AFM microcantilevers60,61.
However, its photothermal efficiency is low and requires high laser power to mechanically actuate the
cantilever for a few nanometers, resulting in local heat that can potentially damage sensitive samples
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and accelerate liquid evaporation60. For direct ‘magnetic’ excitation, two setups exist: (i) magnetic,
which consists of a paramagnetic coating on the microcantilever backbone that will be excited by a
solenoid such that applying an alternating current to it generates a magnetic field that interacts and
excites the coated microcantilever65–67; and (ii) Lorentz force excitation, which is a technology that
consists of a triangular gold-coated V-shaped cantilever (iDrive mode for Asylum Research AFMs)59.
An alternating current is applied to the cantilever, generating an electric field that will interact with a
magnetic field generated by a permanent magnet. This technique avoids the use of magnetic materials
on the cantilever and the requirement for oscillating magnetic fields. Directly excited cantilevers have
a well-defined transfer function with the Lorentz/photothermal force being the only source of
excitation, avoiding interference from fluid-borne excitation that arises when either the cantilever or
the sample is excited using piezoelectric transducers58. The limitation of the iDrive technique is the
requirement for both a specialized cantilever holder and specialized cantilevers (see the Selection of
the cantilever section below).

The developed method is completely compatible with the described direct-excitation setups, both
commercially available (iDrive and blueDrive for Asylum Research AFMs, and the MAC Mode for
Keysight Technologies AFMs67) and custom-made65,66. Here, we will describe the protocol using only
the Lorentz force excitation technique (iDrive) because of its ease of operation, quantitative
robustness, and protocol conciseness. Only slight modifications in the protocol will be required to use
another direct-excitation technique. Specifically, in Step 9 ‘Performing calibrations’, the AFM man-
ufacturer’s guidelines related to a specific direct-excitation setup should be followed.

Selection of the cantilever
The cantilever should be compatible with the direct-excitation technique used. For example, BL-
TR400PB (Asylum Research) cantilevers are specially designed for the iDrive mode. A wider spec-
trum of cantilevers is compatible with the photothermal excitation technique60. Important aspects
when selecting a cantilever for quantitative nanomechanical measurements also include stiffness, tip
height, beam area (hydrodynamic shape), shape of the tip, and the cantilever itself. Soft cantilevers are
generally preferable for studying soft samples (<0.1 nN � nm�1). Longer tips (~10 µm) are more
suitable for tall samples such as cells because they prevent interactions between the sides of a tip, the
cantilever beam, and the cell surface68. In addition, longer tips reduce the hydrodynamic damping
due to squeeze-film effects that develop between the oscillating plane of the cantilever and a rigid
surface42. For the same reason, cantilevers with a smaller surface are preferable. Very sharp cantilever
tips should be avoided, as they can damage living cells69. High resolution was obtained in living cells
with relatively dull cantilever tips (65-nm radius), emphasizing the role of the low imaging forces over
the tip sharpness54.

Boosting the scanning speed by applying feedback to the deflection signal
The appropriate choice of feedback channel can lead to substantial improvement of the scanning
speed when using dAFM to scan soft samples such as living cells. As we showed previously28, the
sensitivity of the cantilever mean deflection (dA0=dz) is several times larger than the sensitivity of the
first harmonic amplitude (dA1=dz; the traditional feedback channel) for living cells, especially in the
nuclear region (~12 times) (Fig. 2). The low sensitivity of A1 originates from the small repulsive-force
gradients on a live cell and the low quality factor of the cantilever in liquid. A stronger gradient
(dA0=dz) allows use of the higher feedback gains and enables faster tracking of the cell topography.
Overall, use of the mean deflection feedback while imaging live cells in culture medium with resonant
cantilevers allows a considerable increase (~20×) in scanning speed for nanomechanical mapping of
living cells as compared with traditional amplitude feedback. The cantilever remains in permanent
contact with the cell during scanning, and the theory linking A0, A1, and ϕ1 with local nano-
mechanical properties remains applicable.

Viscoelastic property mapping using two widely spaced frequencies
The method described here also allows for viscoelastic property mapping at widely spaced frequencies
by simultaneously exciting the cantilever in the fundamental and second flexural eigenmode. Multi-
modal excitation such as bimodal70,71 or trimodal72 is able to boost the number of compositional
contrast channels and has been demonstrated for fast scanning on live cells28. By comparison of
mechanical properties at different frequencies, conclusions about the viscoelastic behavior of the
sample can be made (Fig. 3). In the case of eukaryotic cells, an increase in the cell stiffness and
damping with frequency is observed with this technique28 and other techniques73,74. The
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high–frequency viscoelastic measurements of live cells are scarce but potentially relevant75, as existing
power-law-based microrheological models76 of live cells are generally confirmed only for small fre-
quencies (<1 kHz)74. The dynamics of individual cytoskeleton filaments are expected to emerge at
short time scales; thus, high-frequency maps can help assess the morphological and dynamical state
of the cytoskeleton28,37. Overall, simultaneous nanomechanical mapping at several frequencies can
help to better distinguish cell type and state.

Combining multi-harmonic AFM with fluorescence techniques
A combined AFM-optical microscope provides large benefits for characterizing biological samples
over the AFM-only setup52,77–86. First, trans-illumination or fluorescence imaging can be used to
direct the cantilever to the area of interest. Second, the ability of optical techniques to image
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Fig. 3 | Bimodal AFM on a rat fibroblast. a, Maps of local elastic storage modulus, viscous loss modulus, and mean
indentation extracted from the measured first-mode data (f1¼7:06 kHz). b, The same maps extracted from the
measured second-mode data (f2 ¼ 61:33 kHz) using the theory described in the Introduction and in the
Supplementary Theory. Scale bars, 6 µm; acquisition time of maps = 2 min 30 s; 256 × 256 pixels. Adapted from
Cartagena-Rivera et al.28 (https://www.nature.com/articles/srep11692; original material licensed under a Creative
Commons Attribution License 4.0).
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within the depth of a sample using label-conjugated (e.g., fluorescent) markers allows researchers
to identify specific structures or molecules inside or on the surface of a sample. Coupled with
AFM data for high-resolution nanomechanical properties, a more complete understanding of the
structure–function relationships of living cells can be elucidated (Figs. 1 and 4). The two datasets can be
directly overlaid, compared, and correlated85. Moreover, fluorescent techniques can be used to stimulate
the cells of interest and observe the changes in mechanical properties by AFM, and vice versa.

We use a custom-built integrated AFM/SDC (spinning-disk confocal) system for simultaneous
mechanical mapping and fluorescence imaging. SDC microscopes are well suited to imaging of living
cells because of their high image acquisition speed and low laser intensities87. Live-cell imaging
requires special fluorescent probes, some of which have been shown to alter properties of the studied
protein/molecule and overall cell behavior88,89. Therefore, selection of the appropriate fluorescent
probe and its concentration should be performed with caution, and control experiments without the
probe are desirable. Furthermore, one could take advantage of super-resolution fluorescence tech-
niques, but usually they are associated with slower image acquisition speeds.

Materials

Biological materials
● NIH 3T3 fibroblasts (ATCC, cat. no. CRL-1658) ! CAUTION Follow all relevant ethics guidelines and
laws when working with human cells or tissues. The cell lines used should be regularly checked to
ensure that they are authentic and are not infected with mycoplasma.

● Primary Aplysia bag cell neuron cultures. The protocol for isolation of Aplysia bag cell neurons is
described in refs 90,91.

Reagents
● DMEM cell culture medium (low glucose, GlutaMAX, pyruvate; Gibco, cat. no. 10567014)
● FBS (Gibco, cat. no. 10437-077)

0 500 kPa 0 1,500 kPa

storageEBECC
lossEBECC

F-actinBright-field

Fig. 4 | Comparison of AFM nanomechanical with fluorescence data in a growth cone developed by an Aplysia bag
cell neuron.Maps of the mechanical properties (storage and loss moduli, and bottom-effect cone correction model),
bright-field image, and fluorescent actin image after SiR-actin labeling. Filopodia actin fibers correspond to stiffer
regions on the maps, in agreement with the previous study96. Scale bars, 5 µm; acquisition time of maps = 5 min;
256 × 256 pixels.
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● CO2-independent cell culture medium (Gibco, cat. no. 18045088)
● PBS without Ca2+ and Mg2+ (Gibco, cat. no. 10010023)
● 100× antibiotic–antimycotic solution (Gibco, cat. no. 15240062)
● Fibronectin solution (1 mg/mL; Sigma, cat. no. F1141)
● Poly-L-lysine solution (0.01% (wt/vol); Sigma, cat. no. P4707)
● HEPES solution (1 M, pH 7.0–7.6; Sigma, cat. no. H0887)
● Triton X-100 (Sigma, cat. no. T8787)
● L15-ASW medium (a protocol for the preparation is described in refs 90,91)
● (Optional) Fluorescent markers for the cell components that will be imaged with the fluorescence
microscopy. We used the SiR-actin dye (Cytoskeleton) for visualization of actin cytoskeleton92.

Equipment
● AFM system (Oxford Instruments, model no. Asylum MFP-3D Bio) c CRITICAL Alternative AFM
systems, such as one for biological samples with a Petri dish holder, heater, and a direct cantilever
excitation setup, can be used.

● Inverted optical microscope (Olympus, model no. IX-71)
● Petri dish holder and heater with environmental controller (Asylum Research)
● Glass-bottom cell culture dishes (50 mm, FluoroDish; World Precision Instruments, cat. no.
FD5040-100)

● Vibration table (Kynetic Systems)
● Acoustic isolation enclosure (Oxford Instruments)
● Objectives (10×, 40×, and 100×; Olympus)
● (Optional) Phase-contrast, differential interference contrast (DIC), fluorescence, or confocal setup for
the optical microscope. We used a spinning-disk confocal microscope (Andor Technology, Revolution
XD model) for the acquisition of fluorescence images.

● Camera (cooled charge-coupled camera; PhotoMetrics, CoolSnap MYO model)
● iDrive module for Lorentz-force-induced direct excitation of cantilevers (Asylum Research)
● Soft cantilevers with a nominal spring constant of 0.09 N/m, a nominal tip radius of 42 nm (±12 nm),
and half-opening angle α = 35° (Olympus/Asylum Research, model no. BL-TR400PB) c CRITICAL
Cantilever choice is a critical parameter in these experiments. Cantilevers should be compatible with
direct-excitation technique (iDrive was used here) and suitable for soft samples.

Software
● MATLAB v.R2014B or higher (MathWorks, http://www.mathworks.com)
● MATLAB scripts for data processing (Supplementary Data)

Reagent setup
Complete cell culture medium
Complete cell culture medium is DMEM supplemented with 10% (vol/vol) FBS and 1% (vol/vol)
antibiotic–antimycotic solution. Store the complete cell medium at 4 °C for up to 2 weeks.

Fibronectin-coated cell culture dishes
Dilute the stock 1 mg/mL fibronectin solution with sterile PBS to create a 30 μg/mL fibronectin
working solution. Store the working solution at 4 °C for up to 6 months. Coat the 50-mm glass-
bottom cell culture dishes by incubating them for 30 min with 0.5-mL of fibronectin working
solution. Aspirate the working solution and wash the dish three times with sterile PBS. Store the
modified dishes at 4 °C for up to 2 weeks.

Poly-L-lysine–coated cell culture dishes
Coat the 50-mm glass-bottom cell culture dishes by incubating them for 5 min with 1 mL of 0.01%
(wt/vol) poly-L-lysine solution. Aspirate the poly-L-lysine solution and wash the dish three times with
sterile PBS. Store the modified dishes at 4 °C for up to 2 weeks.

Medium for AFM experiments
HEPES buffer can be added to the cell medium to create a CO2-independent medium. Add 20 μL
of 1 M HEPES solution per 1 mL of complete cell culture medium. Alternatively, a commercially
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available product could be used. Supplement the CO2-independent medium with 1% (vol/vol)
antibiotic–antimycotic solution. Store the medium solution at 4 °C for up to 2 weeks.

Cleaning solution for cantilevers
Dilute Triton X-100 with PBS to create a 0.5% (vol/vol) working solution. Store the working solution
at 4 °C for up to 1 month.

Procedure

Preparation of cells for AFM ● Timing 15 min, followed by 1–2 d of culture
1. To prepare cells for AFM experiments, seed the NIH 3T3 cells in complete cell culture medium

onto fibronectin-coated 50-mm glass-bottom cell culture dishes (Reagent setup). Let the cells grow
for an additional period of 1−2 d to a final confluency of ~60–70%.

c CRITICAL STEP We have also used our approach for mapping viscoelastic properties in different
cell types, such as primary Aplysia bag cell neurons (Anticipated results). Primary Aplysia bag cell
neurons should be grown in L15-ASW medium on poly-L-lysine-coated 50-mm glass-bottom cell
culture dishes (Reagent setup). Incubate the cells for 1–2 d at 14 °C until well-developed growth
cones can be seen.

c CRITICAL STEP Do not grow cells to >70% confluency.
2. (Optional) To label F-actin in live cells, incubate the cells with 200 nM SiR-actin for 12 h on the

day after cell plating.

Setup of the AFM and optical microscope ● Timing 15 min
3. Turn on the AFM, associated instruments, and software.
4. Take the glass-bottom Petri dish containing the NIH 3T3 cells and replace the cell culture medium

with the CO2-independent medium for AFM (Reagent setup). Place the dish in the Petri dish
holder of the AFM setup and set the environment control system to 37 °C.

c CRITICAL STEP Experiments on Aplysia bag cell neurons should be performed at room
temperature (18–25 °C) in L15-ASW medium.

5. Mount a BL-TR-400PB cantilever into the cantilever holder.
6. Insert the cantilever holder into the AFM head and position the head on the AFM stage.
7. Focus the laser spot on the end of the cantilever and adjust the photodiode signal according to the

AFM manufacturer’s guidelines.

c CRITICAL STEP Make sure that the cantilever is fully immersed in the cell medium and there are
no air bubbles trapped near the cantilever.

8. Set up the optical microscope. Select the appropriate objective, focus on the cells, and select the
location for further AFM experiments.

Calibrations ● Timing 15 min
9. Calibrate the InvOLS (inverted optical lever sensitivity, in nanometers per Volt) by recording the

thermal noise spectrum of the cantilever. To avoid surface-induced artifacts, the cantilever must
be located at a distance of at least 100 μm from the bottom surface of the Petri dish. Use the
relevant AFM software, which enables users to infer InvOLS through the analysis of thermal noise.
A cantilever spring constant (k) must be provided for calibration.

c CRITICAL STEP It is highly recommended to use cantilevers for which the spring constant
was precalibrated by an independent method (such as laser Doppler vibrometry).
Alternatively, precalibration could be done by AFM from the analysis of thermal noise
in air with the Sader method93. A recent study has shown that calibration of InvOLS from
thermal noises in liquid is more reliable than calibration from the force curves obtained on a
hard surface94.

10. Select the iDrive mode and tune the cantilever. Tuning the iDrive cantilever in liquid is similar
to tuning the piezo-driven cantilever in air; follow the guidelines of the AFM manufacturer.
After a position of the peak is found, adjust the oscillation amplitude to 10–20 nm (this is the
amplitude far from the sample). The phase signal should be adjusted to a specific value based
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on the cantilever quality factor (Supplementary Theory), or a correction value could be introduced
later during the data processing. The deflection signal should be zeroed. For multi-frequency
mapping, the second eigenmode should be tuned in this step too. Adjust the oscillation amplitude
of the second eigenmode to ~3–6 nm, and adjust the phase signal the same way as for the
first eigenmode.

c CRITICAL STEP The values of drive frequency (ωdr), quality factor (Q), amplitude (A1far), and
phase (ϕ1far (A2far and ϕ2far if used)) should be recorded for further data processing.

c CRITICAL STEP For the iDrive mode, the driving voltage should not be higher than 1–2 V, as
higher voltages might lead to increased electrochemistry reactions on the cantilever surface and its
deterioration. In addition, high voltages may damage live cells.
? TROUBLESHOOTING

AFM imaging (mechanics experiment) ● Timing 15 min per cell
11. Perform the approach with the cantilever onto a blank place on the glass surface adjacent to the

cells of interest. The approach can be done in contact mode.

c CRITICAL STEP The cantilever should not be too close to the surface of the dish, in order to have
enough z-piezo range for the scanning. It is better to approach the clean surface near the cell than
to approach the cell directly to avoid possible cell damage.

12. Place the cantilever above the cell of interest, near its central region (usually over the nucleus), and
record a force curve with deflection, amplitude, and phase. From this curve, determine the values of
A1near and ϕ1near as described in the Introduction (Fig. 2).

13. Select the scan size (ranging from 50 × 50 μm to 90 × 90 μm) to observe the entire or a large
part of the cell, and the number of points (256 × 256 or 512 × 512), depending on the
required resolution. First, a low-resolution scan can be obtained for adjustment of the
scanning parameters.

14. Select the following channels for recording during the scanning: z-sensor signal (height), deflection
(A0), amplitude (A1), and phase (φ1 (A2far and ϕ2farfor multi-frequency mapping)).

15. Switch the feedback from conventional resonant frequency oscillation amplitude (A1) to cantilever
mean deflection (A0). This will allow the use of higher scanning speeds.

16. Start with slow scanning speeds (from 0.25 to 0.5 Hz) and adjust the scanning parameters
(set-point and feedback gain) for the best result. When feedback is applied to cantilever mean
deflection, adjustment of the parameters is similar to such adjustment in the contact mode. Use the
lowest deflection set-point (usually <0.5–1 nN) providing a stable tip–surface contact. Increase the
feedback gain until the feedback oscillation can be seen in the deflection signal, and then decrease it
slightly below the oscillation level. The scanning speed can be increased further (up to 6 Hz) if the
quality of the images does not deteriorate substantially. Generally, smaller scan sizes allow the use
of higher scanning speeds.

c CRITICAL STEP If instability is observed, reduce the scan rate until the instability disappears. On
the optical microscope image, check that the cell is still attached and undamaged.
? TROUBLESHOOTING

17. At the end of the experiment, clean the cantilever and the cantilever holder. Because the cantilever
and cantilever holder are in contact with the cell medium, they tend to become contaminated with
proteins and lipids derived from the cell membrane. It is highly recommended to clean the
cantilever and holder in the cleaning solution and then in ultrapure water to prevent salt
crystallization.

Processing of the AFM data ● Timing 15 min per image
18. Import the acquired maps into MATLAB and run the script for data processing (available as

the Supplementary Data). Input the experimental parameters: kcant, ωdr, Qfar,A1far, ϕ1far, A1near,
and ϕ1near.

19. Select the appropriate mechanical model. For living cells, the optimal model is the Sneddon model
with bottom-effect correction. The output will contain the maps of interaction forces (Fn

ts;CONS and
Fn
ts;DISS) and sample mechanical parameters (kdynamic

sample , cdynamic
sample , Estorage

BECC , and Eloss
BECC).
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Troubleshooting

Troubleshooting advice can be found in Table 1.

Timing

Steps 1 and 2, preparation of cells for AFM: 15 min, followed by 1–2 d of culture
Steps 3–8, setup of the AFM and optical microscope: 15 min
Steps 9 and 10, calibrations: 15 min
Steps 11–17, AFM imaging (mechanics experiment): 15 min per cell
Steps 18 and 19, processing of the AFM data: 15 min per image

Anticipated results

Maps of cell mechanical properties to study normal and pathophysiology of cells
In addition to the topographical data, the current protocol will enable users to obtain maps of the
mean deflection, and amplitude and phase maps for each excitation frequency used as observables.
Following the data analysis described in Steps 18 and 19 will provide the corresponding kdynamic

sample and
cdynamic
sample maps. If applicable, such as in the case of soft living cells, it will also calculate the local elastic
complex modulus and mean indentation depth at each point for the selected mechanical contact
model. The preferable model for thin samples such as cells would be the BECC model, but the
Sneddon model could be used for thicker regions and low indentation depths. Fine details of sub-
surface features such as actin filament bundles (stress fibers) and the nuclear complex are clearly
displayed in the physical property maps of fibroblasts (Fig. 1). Optionally, these maps can be com-
pared with the fluorescence images of the cytoskeleton or any other cellular structure.

We have demonstrated the large intracellular heterogeneity in local mechanical properties of
different living cells with the approach described in this protocol28,37,43,95. For adherent fibroblasts,
the stress fibers are visible on the nanomechanical maps as stiffer structures that can be confirmed
with fluorescence images (Fig. 1 and Fig. 3). In the growth cone of the Aplysia bag cell neuron,
different domains can be distinguished by mapping the mechanical properties96. In the peripheral
domain, the presence of filopodial actin bundles correlates to stiffer regions as compared with
intermittent lamellipodial actin networks (Fig. 4, Supplementary Fig. 1). The central domain is stiffer,
which is consistent with the fact that it is filled with tightly packed microtubules.

The high temporal resolution of this method (only 10 s of image acquisition time per frame on
standard commercial AFM systems) enables the study of dynamic changes in cellular properties. For
example, we investigated the mechanical response of MDA-MB-231 breast carcinoma cells to the
inhibition of spleen tyrosine kinase (Syk) proteins with high spatiotemporal resolution, providing
insight into the signaling pathways by which Syk negatively regulates the motility of highly invasive
cancer cells28. In the Estoragemaps (Fig. 5) and the AFM multi-harmonic observable maps (Supple-
mentary Fig. 2), rapid changes in the cell periphery were observed that included a retraction of the
leading edge with a marked increase in F-actin retrograde flow and disassembly of focal adhesions
after addition of the Syk-AQL-EGFP inhibitor. These marked re-arrangements in the actin

Table 1 | Troubleshooting table

Step Problem Possible reason Solution

10 No peak appears while
tuning the cantilever

The cantilever or its coating is
damaged

Check that the laser alignment was done properly. Try another cantilever

16 Many strokes on the AFM
image, overall low quality
of the image

The cell is weakly attached to
the surface or was damaged
by the cantilever

Check that the cell is well attached and looks healthy under the optical
microscope. If you can see movement of the cell parts caused by the
cantilever during the scanning, select another cell for imaging and use a lower
force set-point. If the problems recur, try modifying the experimental
conditions (surface coating, pH, temperature, and cell density)

Unstable AFM signals
while not scanning

Dead cell/debris attached to
the cantilever

Lift the AFM head high enough to remove the cantilever from the liquid
completely. The cell should be detached by the surface tension of the
air–water interface. Repeat a few times. If this does not help, wash the
cantilever in the detergent solution, or replace it with a new one
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Fig. 6 | Property maps of ϕ29 bacteriophage mature virions. a, 3D-rendered topography image of bacteriophage
ϕ29 using a Lorentz excited cantilever showing two well-defined virions. b–e, Multi-harmonic data (A0 (b), ϕ1 (c), A2

(d), and ϕ2 (e)) recorded simultaneously with topography. f, The applied force map F0
ts value at which the imaging

was done during the experiment. g–i, Maps of the local material properties: adhesion force (pN, g), local effective
stiffness (N �m�1, h), and effective viscosity (N � s �m�1, i). Scale bars, 55 nm. Adapted with –permission from
Cartagena et al.44, Royal Society of Chemistry.
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Fig. 5 | Tracking the fast temporal changes in nanomechanical heterogeneities of MDA-MB-231 breast cancer
cells upon inhibition of Syk-AQL-EGFP protein tyrosine kinase with 1-NM-PP1. The rapid loss of Syk activity was
correlated with marked rearrangements in the cortical actin cytoskeleton, observed as a retraction of the leading
edge28. Only the storage elastic modulus (Estorage) is shown here. The acquisition time was 1 min 30 s (256 × 256
pixels); every second image in the series is shown. Scale bar, 5 µm.
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cytoskeleton are consistent with reports of Syk modulating cortical actin dynamics in B cells
and platelets97,98. Temporal resolution can be further improved in the next-generation high-speed
AFMs, particularly because the approach described in this protocol is perfectly compatible with
such systems.

The spatial resolution of the method depends on the selected cantilevers (see Experimental design)
and the mechanical properties of the sample, because of the effects of both these parameters on
the tip–sample contact area during the scanning99. For living cells, the contact area will be larger
than that for the stiff virion shells or bacteria cell walls, and the resolution will be lower.
However, the individual stress fibers or actin bundles can still be resolved, meaning that the spatial
resolution is on the order of tens to hundreds of nanometers. For relatively stiff samples such
as viruses, the electromechanical force gradient, adhesion, and hydration layer viscosity can be
mapped within individual ϕ29 bacteriophage mature virions (Fig. 6). The spatial resolution of the
method allowed study of the local disruption of the virion shell44 with resolution on the order of
several nanometers.

In summary, we believe that the described protocol and computational algorithms are sufficient
for AFM users to move from standard AFM imaging to more advanced quantitative nanomechanical
mapping.

Reporting Summary
Further information on experimental design is available in the Nature Research Reporting Summary
linked to this article.
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